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In the United States, three out of every 100 babies are born with a major type of birth 
defect. Human birth defects can be acquired during morphogenetic processes such as 
neurulation.  A prominent morphogenetic process in the Drosophila model system is head 
involution. During head involution, embryonic epidermis moves anteriorward and 
simultaneously mouth structures move inward through a series of tucking, folding and 
migrations. These complex intracellular and intercellular shape changes are driven by RhoA 
signal transduction and may act on the actomyosin cytoskeleton.  RhoA signal transduction is 
highly conserved, therefore Drosophila melanogaster is an effective model organism to study. 
Drosophila RhoA mutant alleles are embryonic lethal, failing in head involution; the resulting 
embryos lack cuticle at the anterior dorsal region and exhibit a “hole in the head” phenotype. I 
have studied the effect of RhoA on head involution in living Drosophila embryos by expression 
of an actin-binding Green Fluorescent Protein (GFP)-moesin fusion protein (SGMCA) followed 
by time-lapse confocal microscopy.  First, wild type embryos were analyzed to determine the 





analyzed. Homozygous RhoA embryos were derived from a RhoA/CyO, twi-GFP; SGMCA stock. 
The presence of the twi-GFP insert on the CyO balancer results in a characteristic high 
expression of GFP. Since homozygous RhoA embryos lack the CyO balancer, they do not 
express twi-GFP.   Thus RhoA homozygotes can be unambiguously identified.  Analysis of the 
time-lapse videos revealed that head involution dorsal ridge formation in RhoA mutants appears 
grossly normal.  On the other hand the procephalon and clypeolabrum fail to drop and retract 
caudally as the dorsal fold moves anteriorward. The movement of the dorsal fold continues on 
the ventral side but is impeded by the dorsal side.  Thus, the dorsal anterior side of the embryo is 
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not encapsulated by cuticle secreting epidermis.  This is consistent with the “hole in the head” 






“Our understanding of the way the world works is fragmentary and incomplete, which means 
that progress does not occur in a simple, direct and linear manner. It is important to connect the 
unconnected, to make leaps and to take risks.” 
-Carol Greider 
 Carol Greider, Nobel laureate of 2009 for her discovery of how telomeres and the 
enzyme telomerase protect chromosomes, made this statement to emphasize the importance of 
scientific research (Greider, 2010). Developmental biology, a valuable area of research, studies 
the process of organismal development at many different levels, including the level of genes, 
proteins, chromosomes, and cellular processes. Developmental processes such as morphogenesis 
can be better understood through these studies. The term morphogenesis applies to cell shape 
changes and movements, whereby tissues, organs, and body parts of an organism are formed. 
Errors during human morphogenesis cause birth defects such as anencephaly and spina bifida 
(SB). By studying morphogenesis at the molecular and cellular levels, causes of human defects 
such as anencephaly and SB may be revealed. This project attempts to discover the role of RhoA 
protein in the morphogenetic process of Drosophila head involution. 
Human Birth Defects 
In the United States, three out of every 100 babies are born with a major type of birth 
defect (Birth Defects).  A study discovered 33.7% of infant deaths and 50% of deaths of children 
ages one to two in Michigan were due to birth defects (Coperland and Kirby, 2007). 
Anencephaly and SB are two examples of birth defects in which the fetal neural tube does not 
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completely close during development (Wolpert and Tickle, 2011). Birth defects can be caused by 
genetic factors. To learn about the possible inherent genetic causes of defects such as 
Anencephaly and SB, gene products must be studied at the genetic, molecular and cellular levels 
in developing embryos. 
During early stages of vertebrate embryonic development, the dorsal ectoderm is a 
thickened layer of tissue, termed the neural plate (Jacobson 1994; Schoenwolf 1994). Edges of 
the neural plate fold to form the neural groove in part due to changes in cell shape. The edges of 
the neural plate fuse together, forming a neural tube and pinch off from surrounding dorsal 
ectoderm. Anencephaly occurs when closure does not occur in the head region. As a result, the 
baby forms with a portion of the brain, skull or scalp missing. This usually results in death in the 
womb or upon birth (Anencephaly). SB may result in paralysis or other mobility difficulties, and 
possible learning disabilities (Myelomeningocele). One of the cellular mechanisms responsible 
for the neural tube closure is the ability of the cell to change shape.  
Apical constrictions of the cells at the edge of the neural plate begin the process of neural 
tube formation (Jacobson 1994; Schoenwolf 1994; Sawyer et al., 2010). Apical constriction of 
the actin cytoskeleton is often regulated by RhoA signal transduction (Settleman, 2001; 
Johndrow et al., 2004). Consistent with this, studies conducted on chick and mouse embryos 
show the RhoA effector protein Rho Kinase (ROK) is abundantly prevalent in the embryonic 
neural plate. Further, chick and mouse embryos treated with Y27632, an inhibitor of ROK, were 
observed to have defective neural tube formation (Wei et al., 2001; Ybot-Gonzalez et al., 2007). 
These observations suggest ROK is required in the process of neural tube closure and therefore 
implicate RhoA signal transduction as required for neural tube closure. In another study, mice 
embryos mutant in Planar Cell Polarity (PCP) genes were observed to fail in proper neurulation 
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because they contained wide spaces between neural folds (Ybot-Gonzalez et al., 2000). ROK is a 
known downstream effector of PCP and further supports the possibly that RhoA may be involved 
in neurulation.  
It is possible that the nonmuscle myosin component of the apical acto-myosin 
cytoskeleton drives the apical constriction responsible for proper neural tube formation. It is 
known that such complexes are regulated by RhoA to drive cell shape change (Kinoshita et al., 
2008). Consistently, an abundance of RhoA and Myosin proteins were found in chick embryos 
during neural tube formation  (Kinoshita et al., 2008). Altering RhoA balanced function by either 
inhibiting or overexpressing of RhoA disrupts normal neural tube formation (Kinoshita et al., 
2008). Consequently RhoA protein likely plays a role in vertebrate neurulation.  The RhoA 
signal transduction pathway also has been shown to be important in the generation of apical 
constrictions during cell shape changes driving Drosophila leg morphogenesis (Halsell et al. 
2000). 
Drosophila melanogaster as a Model Organism 
Homo sapiens prove to be poor organisms for the experimental study of development. In 
addition to a pregnancy period of 40 weeks, the average human lifespan is 80 years. For reasons 
such as these and ethical issues, human embryos are not practical model organisms of study.  
Therefore, animal models are used to study mechanisms important in human development. 
Beginning in 1910, Thomas Hunt Morgan used the fruit fly, Drosophila melanogaster, to 
demonstrate that chromosomes carry genes (Morgan, 1910; Sunderland, 2010); this formed the 
experimental basis proving the Chromosome Theory of Inheritance. Scientists have used 
Drosophila as model organisms ever since. Although Drosophila possess only four haploid 
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chromosomes while humans have 23, it is believed that the human genome doubled a few times 
throughout evolution (Twyman, 2002). Consequently the human genome contains many more 
genes than the Drosophila genome, but similar gene families (Twyman, 2002). In addition, 
throughout evolution cellular processes have been highly conserved between species. Thus, 
despite the vast differences in morphology, at the molecular and cellular levels, morphogenetic 
processes that occur in Drosophila are incredibly similar to the processes that occur in humans. 
Further, at a gene level, out of 289 human disease genes examined, 177 have Drosophila 
orthologs (Ruben et al., 2000). Thus studies in Drosophila bear a direct relationship to human 
biology. Added to this, Drosophila are cost effective, have short life cycles (10-14 days), are 
small, and have been used for over 100 years, so useful techniques and tools have already been 
developed. Through these techniques and tools, the Drosophila genotype can easily be 
manipulated to induce mutations, insert new genes, and through a microscope, phenotypic 
consequences can be easily observed (Twyman, 2002). Pertaining to Rho, mammals have 6 Rho-
like GTPases, and also homologs for most of the Rho effector targets (Settleman, 2001). 
Developmental Regulators: The Rho GTPase Family 
The Rho GTPase gene family encodes a variety of proteins. The three best-understood 
proteins to date are RhoA, Rac1 and Cdc42 (Wennerberg et al., 2004 and Settleman, 2001). 
Drosophila family members prove 86-92% identical to their mammalian homologues, including 
humans (Harhiharan et al., 1995). All three proteins are involved in cell shape and movement but 
have different effects. RhoA enables the Actin-Myosin motor contraction while Rac1 enables 
actin polymerization and Cdc42 causes the formation of filopodia, which contains actin bundles 
and are hypothesized to partake in extracellular environmental recognition. Much of cell 
migration is attributed to actin polymerization at the front of the cell and Actin-Myosin 
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contraction at the opposite end (Jaffe et al., 2005 and Wennerberg et al., 2004). This suggests 
Rac1 and RhoA are directly responsible for cell migration. Although multiple members of the 
Rho family appear to be responsible for cell migration, this project focuses on the cellular 
mechanism of contraction. Contraction is regulated, in part, by the RhoA signal transduction 
pathway. 
RhoA is a GTP-binding protein with GTPase activity (Johndrow et al., 2004 and 
Wennerberg et al., 2004). GTPases in general have a G-domain fold made up of a six-stranded 
Beta sheet surrounded by alpha helices. In addition, RhoA GTPases have a Rho insert domain. 
This Rho insert domain is located between the fifth Beta strand and fourth alpha helix strand of 
the small GTPase domain (Hakoshima et al., 2003).  GTPases regulate signal transduction 
pathways, by cycling between active and inactive forms. RhoA is in the active form when it is 
bound to GTP and in the inactive form when it is bound to GDP (Fig 1; Johndrow et al., 2004, 
Etienne-Manneville et al., 2002 and Wennerberg et al., 2004, Settleman 2001, Jaffe et al., 2005). 
When bound to GTP or GDP, conformational changes occur in two regions, Switch I and Switch 
II. Changes in these regions enable the active and inactive cycling (Hakoshima et al., 2003). 
 Regulatory proteins such as Guanine Nucleotide Exchange Factors (GEFs) catalyze the 
exchange of GDP with GTP, activating RhoA. GTPase Activating Proteins (GAPs) and Guanine 
Nucleotide Dissociation Inhibitors (GDIs) on the other hand, have alternative mechanisms to 
keep RhoA inactive.  GAPs enhance intrinsic RhoA GTPase activity. Via this catalysis function, 
RhoA hydrolyzes GTP to GDP rendering RhoA inactive (Fig 1; Johndrow et al., 2004, Etienne-
Manneville et al., 2002 and Wennerberg et al., 2004, Settleman 2001, Jaffe et al., 2005). GDIs 
can also render RhoA inactive by blocking the exchange of the new GDP molecule with a new 
GTP molecule (Fig 1). It accomplishes this by binding the GDP molecules in the cytoplasm, 
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itself, so they are unavailable for RhoA (Johndrow et al., 2004, Etienne-Manneville et al., 2002 
and Wennerberg et al., 2004, Settleman 2001, Jaffe et al., 2005).). Activated RhoA transmits its 
signals through interaction with effector molecules. 
 
Figure 1. Rho Activation-Deactivation Cycle. The Rho GTP-binding Protein cycles between an 
activated GTP-bound state and a deactivated GDP-bound state. Guanine Nucleotide Exchange Factors 
(GEFs) catalyze the exchange of GDP with GTP to activate Rho. GTPase Activating Proteins (GAPs) 
enhance intrinsic RhoA GTPase activity, inactivating Rho. Guanine Nucleotide Dissociation Inhibitors 
(GDIs) bind to cytoplasmic GDP. This leaves less GDP available for Rho binding, and also inactivates 
Rho. In the activated state, Rho-GTP interacts with effector molecules to exert downstream effects 
(Figure taken from Etiennne-Manneville et al., 2002). 
 
 
In addition to Rho GEFs, GAPs and GDIs, which activate and inactivate RhoA, the 
actions of RhoA are transduced by a number of downstream effector molecules. For example, 
RhoA interacts with kinases upstream of cytoskeletal regulation; examples include the effectors 
Citron Kinase for proper cytokinesis and Lipid kinases for proper actin regulation (Jaffe et al., 
2005, Johndrow et al., 2004). Active RhoA interacts with effector Rho Kinase (ROK in humans,  
dROK in Drosophila). This interaction results in Actin-Myosin regulation and will be explored in 
depth below (Jaffe et al., 2005, Johndrow et al., 2004 and Settleman, 2001). The interactions 
with each of the downstream effector molecules have an effect on cell morphology  (Jaffe et al., 
2005, Johndrow et al., 2004 and Settleman, 2001). RhoA also interacts with scaffold proteins to 
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build Actin polymers, which in turn have been found to affect cell migration in mammals, C. 
elegans, and Drosophila (Wolpert and Tickle, 2011). These scaffold proteins are mDia proteins. 
Research supports the hypothesis that RhoA is critical for actin filament elongation 
during morphogenesis. mDia1 is a protein from the Formin protein family (Jaffe et al., 2005 and 
Johndrow et al., 2004).  Rho directly interacts with mDia1. The interaction exposes a domain on 
mDia1 that can bind to the end of an actin filament. Another mDia1 domain interacts with 
profilin, a protein that binds actin monomers. Together, the two domains polymerize and 
elongate actin filaments (Jaffe et al., 2005 and Johndrow et al., 2004).  Effects on actin 
polymerization may also affect morphogenetic processes.  A direct link between RhoA and 
morphogenesis has been shown for the regulation of myosin contraction (Halsell et al., 2000). 
RhoA and the Contractile Actin-Myosin Dynamic 
Regulation of apical constriction of cells via nonmuscle myosin (henceforth myosin) 
motor activity requires the RhoA signal transduction pathway. Myosin, a motor protein 
composed of two heavy chains (MHC), two regulatory light chains (RLC), and two essential 
light chains, “walks” along actin filaments to produce contraction (Kiehart, 1990). The genes that 
encode the nonmuscle myosin polypeptides in Drosophila include zipper (myosin heavy chain, 
Young et al., 1993) and spaghetti squash (myosin regulatory light chain; Karess et al., 1991).  
The importance of myosin contraction in generating morphogenetic cell shape change is revealed 
throughout the Drosophila life cycle. Loss of function zipper mutations disrupt cell shape 
changes and the process of dorsal closure (Young et al., 1993). An in vivo relationship between 
RhoA signal transduction and myosin induced contraction has been demonstrated during pupal 
leg elongation in Drosophila (Halsell et. al., 2000).  Drosophila leg elongation relies primarily 
 
 13 
on myosin induced cell shape changes (Condic et. al., 1990).  Pupae double heterozygous for 
RhoA and zipper mutations fail to properly elongate the leg (Halsell et al. 2000).  Taken together 
this suggests that myosin induced cell shape changes is a target of RhoA regulation.  This is 
consistent with previous biochemical studies. 
Studies show that the RhoA signal transduction pathway regulates myosin via the 
phosphorylation state of RLC. Primarily, the phosphorylation of RLC is catalyzed by RLC 
Kinase (Varlamova et al., 2001). Once phosphorylated, RLC induces a conformational change in 
MHC, enabling the power stroke to occur (Fig 2). To stop the movement, myosin light chain 
Phosphatase removes the two phosphates from the RLC, preventing myosin heavy chain 
movement (Fig 2). RhoA affects this RLC phosphorylation process via its downstream effector 
molecule, Rho Associated Protein Kinase (ROK; DRok in Drosophila; Fig 3; Jaffe, et al., 2005). 
When RhoA binds to GTP, it can then bind and activate ROK. After activation, ROK 
phosphorylates Myosin light chain Phosphatase, thus inhibiting its ability to dephosphorylate the 
RLC; this results in a net increase in phosphorylated RLC and MHC activation (Fig 3; Kimura et 
al., 1996). Evidence suggests ROK may also directly phosphorylate RLC, thus activating RLC in 
the myosin contraction pathway (Amano et al. 1996).  
Without proper RhoA activation, interaction with ROK could not occur, and without 
proper ROK function, proper myosin function could not occur.  Without Rho proteins, actin 
filaments could not elongate. If filament elongation and myosin function were disrupted, cell 
migration and cell shape changes would be inefficient and organism development would be 
negatively affected.  In Drosophila, morphogenetic processes are disrupted by mutations that 
affect such functions. Furthermore, evidence is building that morphogenetic processes in other 




Figure 2. Phosphorylation and Dephosphorylation of Myosin Regulatory Light Chain Regulate the 
Myosin Heavy Chain Power Stroke.  Regulatory Light Chain (RLC) Kinase phosphorylates the 
Regulatory Light Chain (RLC) of myosin. The phosphorylated RLC causes a conformation change in 
Myosin Heavy Chain (MHC), enabling the power stroke step along actin filament. In contrast, Myosin 
Light Chain (MLC) Phosphatase dephosphorylates RLC, disabling the RLC: MHC interaction and 
prevents power stroke. Green arrows indicate activating interaction, red arrows indicate inhibiting 
interaction, and red Xs indicate contraction. 
 
 
Figure 3. RhoA regulation of Myosin movement along Actin Filament. Left panel: RhoA bound to 
GTP activates dRok. dRok then phosphorylates Myosin Light Chain Phosphatase (MLC Phosphatase), 
inhibiting its RLC Phosphatase activity. This results in a net increase in the amount of phosphorylated 
RLC. Phosphorylated RLC interacts with Myosin Heavy Chain (MHC), enabling the power stroke step 
along the actin filament. Right panel: RhoA bound to GDP does not activate DRok. Consequently, MLC 
phosphatase dephosphorylates RLC, thus preventing the MHC power stroke. Green arrows indicate 
activating interaction, red arrows indicate inhibiting interaction, T shapes indicate inhibition, and red Xs 
indicate no interaction. 
RLC and MHC interaction; 
movement along Actin Filament 
No RLC and MHC interaction; no 




MLC Phosphatase MLC Phosphatase 
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RhoA Signal Transduction is Conserved During Multicellular Development 
The RhoA protein is highly conserved across species.  A Drosophila RhoA homolog has 
been found in C. elegans (Settleman, 2001, Ziel et al., 2009, McMullan and Nurrish, 2011). 5’cis 
regulatory elements (5’CRE) regulate the expression of RhoGEFs that activate RhoA. Patterns of 
5’CRE expression were analyzed in C. elegans during the morphogenetic process of gonad 
development (Ziel et al., 2009). Observed patterns indicate 5’ CRE are highly active during 
gonadogenesis, indicating RhoA is also highly active. Furthermore, RhoA transgenes and Rho 
inhibitor, C3 transferase transgenes were used to study the effects of RhoA in adult C. elegans 
(McMullan and Nurrish, 2011). C3 transferase transgenes were introduced into adults to inhibit 
RhoA function. Changes were observed in the body morphology of the adults such as anal region 
deformation. Adults also became sterile, immobile, had a decrease in pharyngeal pumping, and 
then died (McMullan and Nurrish, 2011). This suggests RhoA must also have an active role in 
the cell migration in the C. elegans adult as well as the developing embryo. These findings 
suggest RhoA function is highly conserved not only in arthropods such as Drosophila, but in 
non-arthropods as well. 
Studies show vertebrates have RhoA homologs as well. Humans have at least 25 small 
GTPase proteins, one of which is RhoA (Wennerberg et al., 2004). The human RhoA is closely 
related to two additional Rho proteins: RhoB and RhoC (Wherlock and Mellor, 2002). Structural 
analysis studies suggest RhoC evolved from a duplication of the RhoA gene and observations of 
the protein RhoB reveal it contains no introns. The lack of introns suggests RhoB evolved from 
the reverse transcription of a RhoA RNA intermediate (Wherlock and Mellor, 2002). Human 
stem cell research has shown RhoA is a key regulator of embryonic cell differentiation (Yung et 
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al., 2011). RhoA reduction in human embryos results in a reduction of blood stem cell formation. 
(Yung et al., 2011). Like Drosophila RhoA, vertebrate RhoA plays a role in cell shape change 
and movement. RhoA proteins have also been found in mice and chicks, and experiments 
suggest defects in RhoA affect vertebrate neurulation (Wei et al., 2001, Ybot-Gonzalez et al., 
2007 and Kinoshita et al., 2008). These findings reveal RhoA is highly conserved in all types of 
animals, regardless of developmental complexity.  Its function during Drosophila development is 
particularly well characterized. 
Stages of D. melanogaster Embryonic Development 
 Staging of Drosophila embryonic development has been well established and is described 
below (Table 1; descriptions based on Fullilove; Campos-Ortega et al., 1985; Turner 1975; 
Turner 1977; Turner 1979).  Staging is typically performed at 25°C and all of embryonic 
development takes about twenty-two hours at this temperature.  At lower temperatures, the time 
spent in each stage increases.  Times listed for different stages are the hours post-fertilization of 
the oocyte. In the first hour of Drosophila development, eight cleavage divisions occur without 
cytokinesis (stages 1 and 2). Over the next two hours, cleavage continues, the nuclei migrate to 
the periphery of the embryo, and finally the thousands of nuclei of syncytial blastoderm undergo 
simultaneous cytokinesis in a process called cellularization  (stages 3-5). During cellularization, 
the plasma membrane of the egg must grow and extend between and around nuclei that have 










Major Developmental/Morphogenetic  
Events 
0-70 1, 2 First 8 cleavage divisions 
70-180 3, 4, 5 Nuclei migrate to embryo periphery; cellularization 
180-195 6 Gastrulation; Ventral furrow, cephalic furrow and posterior midgut 
invaginations form 
195-260 8, 9 Germ band elongation; Neuroblasts segregate; Mesodermal segmentation. 
260-320 10 stomodeum invaginates; gnathal structures and clypeolabrum form; 
320-440 11 Segmentation of Epidermis  
440-560 12 Germ Band Retraction begins. 
560-620 13 Germ band retraction completed; Clypeolabrum thins; dorsal fold appears . 
620-800 14, 15 Dorsal closure; Head involution begins. 
800-900 16 Head involution completed; epidermal secretion of cuticle begins. 
900-1320 17 This stage lasts until embryo hatches.   
 
Subsequently, the first morphogenetic process, gastrulation, begins and the three germ 
layers form between hours 3 to 4 post-fertilization at 25°C (stage 6). Gastrulation is 
characterized by cell shape changes and cell movements that create invaginations of the cell 
sheet. In the case of Drosophila, gastrulation occurs along the ventral midline and appears as the 
“ventral furrow” (stage 6).  The first demarcation of the head region appears as the cephalic 
furrow become visible in this stage, and the anterior as well as posterior hindguts invaginate 
(Stage 6). Germ band elongation quickly follows, and is visualized as the dorsal side movement 
of the embryo posterior towards the anterior of the embryo (stages 7-9). During the germ band 
extended phase the first mesodermal segmentation occurs as well as the first groups of cells that 
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form the neuroblasts, the neural progenitors, segregate from the ectoderm. Then 4.5-5.5 hours 
post-fertilization, the stomodeum, an anterior invagination of ectoderm, through which the head 
structures will later involute, appears (stage 10).  Stage 11 lasts two hours and the only external 
morphogenetic event is the appearance of segmentation in the epidermis. At approximately 7.5 
hours post-fertilization, germ band retraction begins and is completed over three hours (stages 12 
and 13). During this phase, head structures of the labial appendage, maxillary and mandibular 
appendage and hypopharyngeal lobes and clypeolabrum become visible and the ventral side of 
the embryo and anterior to the cephalic furrow. Germ band retraction leaves the dorsal side of 
the embryo exposed to the environment; only a thin layer of extra-embryonic amnioserosa 
encloses the embryonic interior.  During the morphogenetic process of dorsal closure, the lateral 
epidermis moves towards the dorsal midline and fuses to enclose the embryo (stages 14, 15). 
Post-germ band retraction, the cephalic region of the embryo also remains exposed.  The process 
of head involution begins in stage 14 and is completed in stage 16.  RhoA function is required 
for this morphogenetic process (Halsell et al. 2000). 
Morphogenetic Process of Head Involution 
Head involution internalizes cephalic segments and extends the epidermis over the 
anterior third of the embryo.  These segmental structures include the labial appendage, 
mandibular and maxillary appendages, and the hypopharyngeal lobes and clypeolabrum. 
Embryonic head involution has been described based on scanning electron and bright field 
microscopy of whole embryos and examination of embryonic cross sections (Campos-Ortega et 
al., 1985; Turner 1975; Turner 1977; Turner 1979).  The labial appendage consists of salivary 
glands and other distal structures that fuse and lose their identity before head involution (Fig 4). 
The salivary glands invaginate into pits and elongate to form salivary glands and a single 
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salivary duct (Campos-Ortega et al., 1985, Turner 1979). This duct moves anteriorward along 
the midline of the head, eventually moving into the stomodeum. The labial appendage also 
contains precursor sensory organs, which involute as well. The maxillary and mandibular 
appendages each consist of a pair of lobes. The lobes are bilaterally symmetrical (Fig 4; Campos-
Ortega et al., 1985, Turner 1979). The mandibular and maxillary structures are originally 
distinguishable as separate structures but during germ band retraction they merge. At the base of 
the maxillary appendage, rows of cirri develop, on both the ventral and dorsal side; these will 
involute as well, forming the larval mouth hooks (Turner, 1979). The last appendage, the 
hypopharyngeal and clypeolabrum appendage, contains one pair of hypopharyngeal lobes at the 
posterior border of the stomodeum (Fig 5). These lobes are the first to involute through the 
stomodeum and ultimately become the floor of the pharynx. The clypeolabrum, a structure at the 
anterior border of the stomodeum is one of the last structures to involute (Fig 4; Campos-Ortega 
et al., 1985, Turner 1979). A deep furrow separates the clypeolabrum from the procephalic lobe. 
The procephalic lobe makes up the largest portion of the dorsal surface of the embryonic head. 
The cells comprising the procephalic lobe extend posterior-ward to the anterior margin of the 
amnioserosa. During germ band retraction, a pair of ridges, termed the dorsal ridge forms 
laterally, at the margin of the procephalic lobe and the first thoracic segment (Fig 6). Later, the 
dorsal ridges extend dorsally, and fuse at the midline to form the single dorsal fold. A pouch 
beneath the fold is termed the dorsal sac. Two lateral pockets of the dorsal sac are termed the 
frontal sac. Later the dorsal fold fuses with the first thoracic segments and eventually stretches 
over all of the head segments during head involution, described next (Campos-Ortega et al., 







 hours post-fertilization (stage 13), germ band retraction finishes 
and the clypeolabrum thins (Campos-Ortega et al., 1985, Turner 1979). During this time the 
salivary duct moves anteriorward along the midline of the head towards the stomodeum to form 
the salivary duct (Fig 5), and the dorsal fold appears in the dorsal gap; this is a gap between the 
embryo and vitelline envelope surrounding it. During stage 14, dorsal closure occurs (see above) 
and the process of head involution begins.  Head involution occurs over approximately six hours 
and completes during stage 16. In stage 14 (approximately 11 hours post-fertilization), the labial 
appendages move into the interior of the embryo through the stomodeum (Fig 7; Campos-Ortega 
et al., 1985, Turner 1979). The clypeolabrum begins to retract against the dorsal ridge as the 
ridge progresses anteriorward, and the hypopharyngeal lobes also displace into the stomodeum. 
The maxillary and mandibular appendages relocate to the lateral border of the stomodeum to 
eventually invaginate next. In stage 16, the dorsal ridge completes its movement over the anterior 
of the embryo and secretion of cuticle by the epidermis begins (Campos-Ortega et al., 1985, 
Turner 1979). Studies indicate RhoA functions during many morphogenetic processes 
throughout the Drosophila life cycle. 
 
Figure 4. Scanning electron microscope (SEM) image of the ventral surface view of a germ 
band retracting. The labial appendage (L), mandibular (Md) and maxillary (Mx) appendages, the 
stomodeum (S) and clypeolabrum (Cl) are apparent at this stage. The salivary glands will eventually fuse 
to form the salivary duct. The mandibular and maxillary appendages will merge and the clypeolabrum 
will thin and retract against the dorsal ridge (not pictured) during head involution. T1 is thoracic segment 




Figure 5. SEM image of the ventral surface view of embryo immediately after germ band 
retraction. In addition to the structures shown in figure 4, the hypopharyngeal lobes (Hy) are also 
evident.  Notice the Labial appendages have moved towards the midline and the salivary glands have 
fused to form a single salivary duct. (Figure taken from Turner 1979). 
 
 
Figure 6. SEM view of the dorsal side of embryo immediately after germ band retraction. The large 
procephalic lobe and the dorsal ridge are apparent here. The large bulge in the center of the embryo is the 
amnioserosa, a thin layer of membrane, covering the embryonic yolk. (Figure taken from Turner 1979). 
 
 
Figure 7. Longitudinal section of an embryo undergoing head involution. The dorsal fold (df) 
epidermal layer expands anteriorly. Clypeolabrum (not pictured) retracts against the fold. Salivary duct 




RhoA Function During Drosophila Development 
Studies of RhoA in Drosophila show RhoA is important in many of the developmental 
processes such as cellularization, gastrulation, dorsal closure, head involution and pupal leg 
elongation (Hacker and Perrimon, 1998; Halsell et al., 2000; Johndrow et al., 2004). For 
example, when a RhoA inhibitor, C3 transferase exoenzyme, was injected into Drosophila 
embryos, cellularization defects were observed (Johndrow et al., 2004). This observation 
suggests the process of plasma membrane extension between nuclei to form the cellular 
blastoderm requires RhoA function. As previously described, after the blastoderm is formed, 
gastrulation occurs. Initiation of gastrulation requires the invagination of cells to form the 
endoderm and mesoderm. Mutants in a member of the RhoA signal transduction pathway, 
RhoGEF, do not form ventral furrows properly (Hacker and Perrimon, 1998). Invagination 
failure results in disrupted gastrulation, suggesting RhoA must play a role in gastrulation. In 
order for the ventral furrow to form, cells must change shape through contraction of the actin-
myosin cytoskeleton within their apical regions; this is similar to the cell shape changes observed 
in some of the cells during vertebrate neurulation. It may be that the regulation of apical 
constriction during ventral furrow formation requires RhoA.  The later embryonic process of 
dorsal closure also exhibits a requirement for the actin-myosin cytoskeleton. Cells tagged with 
GFP-Moesin, a protein that binds to actin and fluoresces green light, reveal actin localization at 
the leading edge of epidermis migrating during dorsal closure (Edwards, et al., 1997); myosin 
protein is also localized to the leading edge of the lateral epidermis during dorsal closure (Young 
et al. 1991). This localization of the Actin-Myosin complex suggests cell shape changes are 
necessary for dorsal closure. In fact, myosin heavy chain (zipper) mutants fail in dorsal closure 
(Young et al. 1993). The presence of the Actin-Myosin complex suggests RhoA may regulate the 
cell shape change aspects of dorsal closure, although mutations in RhoA do not prevent the 
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completion of dorsal closure.  On the other hand, RhoA mutant alleles are embryonic lethal, and 
absolutely fail to complete normal head involution; the resulting embryos lack cuticle in their 
anterior dorsal region and exhibit a “hole in the head” phenotype (Fig 8; Halsell et al., 2000). In 
genetic experiments in which post-embryonic phenotypes can be examined, it is observed that 
RhoA is required for morphogenesis of the adult legs and wings (Halsell et al., 2000).  In 
summary, RhoA affects many cellular processes during Drosophila morphogenesis, including 
the process of head involution, which will be the focus of this project (Halsell et al., 2000, 
Magie, 1999).  
 
Figure 8. Phase contrast images of wild type and RhoA mutant embryonic cuticles. Panel A shows 
the cuticle of an embryo wildtype for RhoA protein. Panels B, C, and D show cuticles of RhoA mutant 
embryos. Panels B-D show holes in cuticle structure on dorsal side near anterior of homozygous mutant 
embryo. Panels E and F show higher magnifications of mutant in Panel B. The hole indicates the head 
structure has not involuted and additionally epithelium has not migrated over it. Anterior of embryo is 
left, dorsal is right, ventral is bottom and dorsal is top of each frame (Figure taken from Halsell et al., 
2000). 
RhoA protein and function is highly conserved and across species, and in part, it acts as a 
regulator of Actin-Myosin contraction. In this capacity, RhoA appears to regulate cell shape 
changes during morphogenesis. Since RhoA function during development seems to be 
conserved, Drosophila is a reasonable model for exploring the details of its function.  This study 
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capitalizes on the strength of Drosophila genetics and amenability of embryonic access, 
exploring the phenotypic defects of RhoA mutations in living embryos. The effect of RhoA in 
head involution was studied through the use of an actin-binding GFP-moesin fusion protein and 




Methods and Materials 
Maintaining Flies and Food Preparation 
The Drosophila melanogaster SGMCA stocks used in this study were provided by Dan 
Kiehart (Duke University; Edwards et al., 1997). SGMCA was crossed into RhoA mutant lines 
(M. Filak, JMU).  The three stocks were SGMCA (wildtype), w; RhoA
E3.10
/Cyo, twi-GFP; 
SGMCA and w; RhoA
J3.8
/; SGMCA. 
Fly stocks were maintained in bottles and vials made each week. Food was made in a 
double boiler setup. First 280mL of H2O was brought to a boil. Then 300mL of H2O was 
combined with 10g of Drosophila agar (US Biological) in a tripour beaker and the agar was 
melted by boiling in the microwave. After adding the agar to the boiling water. 70mL of 
molasses was also added and stirred into the solution. In a separate tripour beaker, 65g of 
cornmeal (Dutch Valley Food Dist. Inc.), 35g of dry deactivated yeast (LeSaffre), and 180mL 
H2O were mixed together and stirred until smooth. Once smooth, the contents were also added to 
the top pot and stirred continuously for 10 minutes. After this period, 630mL H2O was added and 
the mixture simmered, covered with a lid, for 20 minutes. The mixture was allowed to cool to 
75°C. Then 10mL of an acid mix consisting (4.15mL Phosphoric acid, 41.8mL Propionic acid, 
and 54mL of deionized H2O) was added to the food mixture and stirred. The food was then 
pumped into bottles (50ml) or vials (7ml) with a Watson Marlow 505Dz pump. The food was 




Embryo Collection  
Embryos were collected by placing adult flies of the appropriate genotype in egg laying 
cages at room temperature. Each cage consisted of a grape plate with minimal yeast paste 
covered by a 100mL plastic tripour beaker with small holes punched in it (Fig 9). 
 
Figure 9. Egg Laying Cage and Grape Plate. Embryos were collected by placing flies of the 
appropriate genotype in egg laying cages. The cages consisted of a grape plate with minimal yeast paste 
covered by a 100mL plastic tripour beaker with small holes punched in it. 
Grape plates were prepared by heating 18g of Difco agar in 500mL of deionized H2O in a 
microwave. After boiling for 1 min, 12mL acetic acid and 12mL of 95% ethanol were added to 
the agar. The grape juice mixture was prepared by combining 375mL of deionized H2O and 
125mL frozen grape juice concentrate. The grape juice mixture was added to the agar and the 
mixture was stirred and poured into 60 x 15 mm polystyrene petri dishes (Falcon). The plates 
were left at room temperature until they solidified. The grape juice plates were stored at 4ºC until 
needed. Prior to use for egg laying, a small amount of wet yeast paste was smeared on the plate.   
Staging and Genotypic Identification of Collected Embryos 
 All collections were performed at room temperature.  About four days prior to the 
collection of embryos, the parent flies were added to the egg-laying cage and the cage was 
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covered with a fresh grape juice plate. The adults were maintained by switching the grape plates 
twice a day. For analysis of head involution, the plate was switched 13 hours prior to the start of 
time-lapse confocal microscopy. Female Drosophila were then allowed to lay embryos for four 
hours and the plates were switched again. The embryos for head involution analysis were aged 
an additional 9 hours in the grape plate. Embryos undergoing cellularization, germ band 
extension and germ band retraction were also separately imaged. The plates for these embryos 
were switched 3, 6 and 9 hours prior to the start of time-lapse, respectively. Female Drosophila 
were allowed to lay embryos for 2, 3, and 3 hours respectively, and the plates were switched 
again. The embryos for analysis were aged an additional 1, 3, and 6 hours respectively, in the 
grape plate. 
Since all SGMCA embryos are wild type, any of them could be analyzed microscopically.  









) homozygous mutant embryos 
were selected prior to further processing. The selection was possible through the use of the twi-
GFP balancer chromosome. The twi-GFP transgene is inserted specifically on the balancer 
chromosome. The twi-GFP insertion drives high GFP expression throughout the embryo. 
Embryos containing two copies (homozyogous Cyo, twi-GFP/ Cyo, twi-GFP) fluoresce brightest 
throughout the entire embryo, and embryos containing one copy (Cyo, twi-GFP / Cyo, twi-GFP) 
fluoresce less brightly, but also throughout the entire embryo. Thus, homozygous mutant 
embryos (RhoA/RhoA) could be selected specifically for further analysis because they did not 
contain the balancer chromosome and only fluoresced in the SGMCA specific pattern. These 
were the dimmest embryos. 
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The twi-GFP  fluorescence in each embryo was determined by  viewing them while still 
on  grape plate. The embryos were examined using a Leica MZFLIII fluorescence-dissecting 
microscope. Using this microscope, differing levels of GFP fluorescence were discernable while 
the embryos are still enveloped in a chorion. Dimly fluorescent embryos (presumably the 
homozygous RhoA mutants), were picked for further analysis. First the embryos were hand 
dechorionated by transferring them to double-sided tape place on a microscope slide. The 
embryos were then gently nudged with a blunt stick.  This popped the embryos out of the chorion 
and the chorion remained stuck to the tape. After dechorionation, twenty embryos were lined up 
with either lateral, dorsal or ventral orientations.  This was accomplished by moving them onto a 
block of grape juice media, and nudging them with the blunt stick once more into the orientation 
desired. 
Preparation of the Live Embryo Viewing Chamber 
 The aligned embryos were then transferred to cover slips covered with “embryo glue” 
(Kiehart et al., 2006). The embryo glue was made by combining 2mL of heptane with 7cm of 
double side stick tape (3M, Double Coated Tape 415 Clear). The heptane and tape were mixed 
for 15 minutes and once the solution became gelatinous, it was pipetted onto clean cover slips. 
Upon heptane evaporation, cover slips were inverted to pick up embryos off of the blocks of 
grape plate agar and placed into a live embryo-viewing chamber described below.  
 The embryos must be kept alive so the process of head involution can be observed over 
several hours. An aluminum chamber that contained an oxygen permeable membrane fastened 




Figure 10. Live embryo-viewing chamber. Embryos were kept alive so the process of head involution 
could be observed over several hours in a live embryo-viewing chamber. The chamber contained an 
observation hole covered with an oxygen permeable membrane fastened with an o-ring. Four spots of 
vacuum grease were placed around the hole and 1 drop of halocarbon oil was spread around the 
membrane paper with a paintbrush. The cover slip containing the embryos was placed embryo side-down 
into the halocarbon oil and the four spots of vacuum grease kept the cover slip in place over the 
observation hole for confocal analysis (Kiehart et al., 2006). 
The chamber was the size of a microscope slide. First, the observation hole of the slide was 
covered with a single sheet of oxygen permeable YSI model 5793 membrane. An o-ring fastened 
the membrane around the observation hole and excess membrane paper was cut off. Next one 
drop of 50:50 27 & 100 halocarbon oil (Sigma) was pipetted onto the membrane. A paintbrush 
was used to spread the halocarbon oil around the membrane, completely covering it. Then four 
spots of vacuum grease were placed around the membrane-covered observation hole. The 
previously mentioned cover slip containing the embryos was next inverted into the halocarbon 
oil. Embryos were enveloped in the oil, to prevent them from drying out. The four spots of 
vacuum grease surrounding the observation hole secured the cover slip in place, keeping the 
embryos oriented in the center of the observation hole (Kiehart et al., 2006). 
Time Lapse Confocal Microscopy 
Embryos were viewed with a Nikon Eclipse TE 2000-E confocal microscope. Either a 
20x (NA .75) or 40x (NA .95) objective was used. Live images of the embryos were projected 
onto a computer screen through the confocal microscope. The embryos were then briefly 
analyzed for the stage of development and a single embryo was chosen for further analysis. 
Images of the selected embryo were taken every 3 to 4 minutes for a time period of 3.5 to 5.5 
 
 30 
hours. Seven images were taken at each time point and averaged to create a single, more defined 
image. If a Z-stack was conducted, 12 to 15 steps were taken at the surface of the embryo, using 
a step size of 1.25µm. The 488nm laser was used, detector 590/50 which has a range of 565-615 
nm. The laser power was set to 25% and the gains varied for the genotype of the embryos. 
Wildtype embryos generally were set to gain 6.5B and mutants were set to 8.0-9.0B. The pinhole 
was set to large. The images were captured as they occurred using EZ-C1 ver. 3.60 software. 
NIS- Elements AR2.30 software was used to convert the images into a movie and additionally 
into tiled images. Both still tiled images and the movies were analyzed. 
Stock Building for Future Analysis 
 Stock mutants RhoA
4.4.2
 bearing SGMCA were also built, but not analyzed in this study. 
To build the stock, in the Parent generation 20 w; CyO/Sco; +/+ (white-eyed, curly winged, 




/CyO; +/+ (curly winged; fig 11). 
Male w; RhoA
4.4.2
/Sco; +/+ F1 offspring (white eyed, scutoid) were crossed with 20 w; 
Gla/CyO, twi-GFP; SGMCA virgin females (glazed eyed, curly winged). In the F2 generation, 
10 RhoA
4.4.2
/ Cyo, twi-GFP; SGMCA/+ males (curly winged) were crossed with 20 w; Gla/CyO, 
twi-GFP; SGMCA virgin females (glazed eyed, curly winged).  The stable stock of w; 
RhoA
4.4.2
/CyO, twi-GFP; SGMCA/+ or SGMCA/SGMCA flies was generated by crossing F3 





Generation Females (virgin) Males 


















/CyO, twi-GFP; SGMCA/+ 
w; RhoA
4.4.2
/CyO, twi-GFP; SGMCA/SGMCA 
Figure 11. Cross scheme to generate RhoA
4.4.2
 stocks bearing SGMCA. The cross in the parental 
generation was between 20 white eyed, scutoid and curly winged females and 10 curly winged RhoA
4.4.2 
mutants. Genotypes of the F1 progeny were determined by examining the phenotypes.  The inheritance of 
dominant markers on each chromosome indicated the genotype. Bolded genotypes signify the offspring 
selected for the next cross. The final F3 generation consisted of RhoA
4.4.2
 heterozygotes bearing either one 






Time Lapse Confocal Microscopy and the Collection of Staged Embryos 
To study head involution, fluorescence and time-lapse confocal microscopy techniques were 
used. Fluorescence is the process wherein a molecule absorbs a certain wavelength of  light and 
then emits a longer wavelength of light (Prasad and Semwogerere, 2007). In this project, Green 
Fluorescent Protein (GFP) was used to visualize the actin cytoskeleton in embryonic cells. DNA 
sequences of GFP were fused with the Drosophila Moesin gene. The C-terminal of Moesin 
contains an actin-binding domain (Edwards et al., 1997). This fusion created a protein, GFP-
Moesin, which binds actin and also fluoresces green light. Confocal microscopy enabled details 
of subcellular structures to be seen, by eliminating out-of-focus light from the image (Prasad and 
Semwogerere, 2007). Time-lapse confocal microscopy enabled sequential images of the 
developing embryo to be converted into a movie.  
Adult Drosophila expressing GFP-Moesin protein (SGMCA) were collected, placed in egg 
lay cages, and time-lapse confocal microscopy of the embryos of the appropriate genotype was 
conducted. The first analysis was of wild type embryos bearing the GFP-Moesin transgene, 
denoted SGMCA, on the third chromosome; all progeny are the appropriate genotype for 




, have complete loss of 
function mutations. The collection of RhoA homozygous mutants is complicated by their 
embryonic lethality.  In order to maintain a stable stock, RhoA mutant alleles must be carried in 
heterozygous stocks that include a wild type RhoA allele (RhoA/RhoA
+
).  To analyze RhoA 
homozygous mutants, cages were set up with adults heterozygous for a chromosome bearing the 
RhoA mutant allele and another chromosome (CyO balancer) that bears a wild type RhoA allele 
(Fig 12).   This stock gives rise to progeny of three different genotypes, and the only relevant 
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genotype for analysis, RhoA/RhoA; SGMCA, comprises only 25% of the offspring.  However, the 
progeny could be phenotypically differentiated due to fluorescence of a twi-GFP transgene 
carried on the RhoA
+
 CyO chromosome.  Any embryos bearing one or two copies of the CyO, 
twi-GFP chromosome fluoresced brightly on the ventral side; this definitively identifies such 
embryos as heterozygous or homozygous wild type for RhoA. Drosophila exhibiting this 
phenotype were discarded and the remaining embryos which fluoresced dimly were judged as 
homozygous RhoA processed for time-lapse confocal microscopy.  
Egg Lay Cage 




 twi-GFP; SGMCA  
Progeny: 
25% w; RhoA / RhoA; SGMCA 
25% w; Cyo, RhoA
+
, twi-gfp / Cyo, RhoA
+





, twi-gfp; SGMCA 
Figure 12. Generation of RhoA homozygous mutants from the balanced heterozygous stock, w; 
RhoA
 
/Cyo, twi-GFP; SGMCA . Adult flies of the indicated genotype were placed in the egg lay cages.  
Of the progeny laid on the grape juice plates, only 25% of the progeny derived from the heterozygous 
stock were the homozygous RhoA mutants relevant for analysis (highlighted in red).  However, they could 
be phenotypically identified because they lack the twi-GFP expression pattern shown by the 
heterozyogous and homozygous CyO embryos that that bear the twi-GFP transgene.  The CyO bearing 
embryos are wild type for RhoA function.
 
 
Wild type Development: Stages Prior to Head Involution 
 In order to determine the appropriate timing for collecting embryos so they are beginning 
head involution (stage 14), a series of differently timed collections was performed.  This was 
necessary because the staging described in Table 1 is based on 25°C and these embryos were 
raised at room temperature.  This also allowed piloting of the time lapse confocal microscopy by 
recording earlier, major developmental events. The first major developmental event is 
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cellularization. A time lapse of the anterior region of a SGMCA wild type embryo, (1-3 hours 
post-fertilization, stages 3-6) exhibits the characteristic mitotic and cellularization behaviors of 
these stages (still images, Fig 13; time lapse, appendix 1).  At this stage, the embryo still exists as 
a syncytium. Initially, the embryo exhibited round actin caps on the periphery of the embryo (Fig 
13a, b).  These caps overlie the dividing nuclei.  The actin redistributes to form cages over the 
upper portion of each nucleus (Fig 13c). During cellularization, membrane invaginates around 
each nucleus, and the actin cytoskeleton takes on a characteristic honeycomb appearance on the 
periphery (Fig 13d-f).  Gastrulation immediately ensues on the ventral side of the embryo, and 
ventral cells exhibit a change cell shape (Fig 13g). The first demarcation of the cephalic region 
of the embryo is shown by the formation of the cephalic furrow (Fig 13h). The completion of 
gastrulation is marked by a high concentration of actin along the ventral midline and a 




Figure 13. Embryo stages 3-6 undergoing cellularization and Gastrulation. Anterior top, dorsal left. 
Time lapse at 40x was conducted of the anterior portion of a wild type embryo, 1-3 hours post-
fertilization. In series, frames A-L represent different points in time. The arrow in frame B points to round 
shapes along the edges of the embryo that are actin caps. Actin caps redistribute to make hillocks.  Here 
the cell membrane forms around loose nuclei in the yolk to create new cells. Left arrow in frame H points 
to the developing cephalic furrow. Right arrow in frame H points to the developing ventral furrow. Total 
elapsed time: 208 minutes. Scale bar: 100μm. 
 
The next major morphogenetic event is germ band extension (stages 8-9).  During this 
phase, the posterior of the embryo moves along the dorsal side and extends to the cephalic 
furrow.  A wild type embryo from a 3-6 hour collection was examined.  Based on its appearance, 
germ band extension was completed by the start of the analysis, and the embryo was stage 10  
(still images, Fig 14; time lapse, appendix 2). The dark area was the yolk the amnioserosa of the 
embryo (Fig 14a-l). Individual cells of the amnioserosa were not visible here because the cells 
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have stretched and are too thin to be observed at this resolution. Over the next 120 minutes, 
cephalic structures formed; these include the labial cephalic appendage, maxillary and 
mandibular appendages, hypopharyngeal lobes and clypeolabrum. These structures will 
internalize during head involution (stages 14-16). 
 
Figure 14. Stage 10 embryo developing cephalic structures. Anterior top, dorsal right.  Time lapse at 
40x was conducted of the anterior portion of a wild type embryo from a 3-6 hours post-fertilization 
collection. In series, frames A-L represent different points in time. This embryo has completed germband 
extension and the posterior of the embryo now lies adjacent to the cephalic region on the dorsal side 
(arrow).  The arrow in frame A also points to the amnioserosa covering yolk. The amnioserosa becomes 
thinner and the area becomes darker as time progresses. The arrow in frame D points to the Cephalic 
segmentation patterns formed here such as the labial cephalic appendage (L), maxillary (Mx) and 
mandibular (Md) appendages, hypopharyngeal lobes (Hy) and clypeolabrum (CL). Total elapsed time: 80 




The next major morphogenetic event of germ band retraction was captured with an 
embryo collected 6-9 hours post-fertilization (stages 12-13; still images Fig 15; time lapse, 
appendix 3). Here the dark yolk region covered by amnioserosa was still apparent (Fig 15a-l). As 
the video progressed the retraction process left the dorsal side and cephalic region of the embryo 
exposed. The foregut and the formation of the leading edge also became apparent (Fig 15i-l; time 
lapse, appendix 3). 
 
 
Figure 15. Stage 12 embryo undergoing germ band retraction. Anterior bottom, dorsal right.  Time 
lapse at 40x was conducted of the anterior portion of a wild type embryo collected 6-9 hours post-
fertilization. In the series, germ band retraction proceeds progressively in A-L. Arrowheads in A, D, G, 
and J indicate the posterior tip of the embryo.  Note that the tip progressively moves (retracts) backwards 
to the end of the embryo opposite to the anterior. The arrow in frames A, D, G and J point to the posterior 
tip of the embryo. The arrow in frame L points to the developing leading edge of the lateral epidermis. 




Wild type and RhoA Mutant Analysis: Dorsal Closure and Head Involution 
  The major morphogenetic events following germ band retraction are dorsal closure and 
head involution. These two processes both occur over stages 14 and 15 and head involution 
finishes during stage 16.  Wild type and homozygous RhoA mutant embryos were analyzed.  It 




, the defects in head 
involution were consistent. Multiple time-lapse analyses were conducted first with wild type 
embryos to gain an understanding of the morphogenetic changes that normally occur. Wild type 
embryos were collected and aged until they were 8.5-12.5 hours post-fertilization.  A lower 
magnification of a wild type embryo was examined (still images, Fig 16; time lapse, appendix 4). 
The large dark region of the embryonic interior, covered by thin amnioserosa was apparent 
throughout the entire head involution process until it was completely covered by lateral 
epidermis (Fig 16a-i). The leading edge is located in the first row of the lateral epidermal cells.  
High levels of actin are localized apically in the leading edge cells, and this is revealed by the 
bright GFP-moe signal (Fig16a-l).  The dorsal-ward movement of the leading edge is clearly 
discernable as dorsal closure progresses.  Dorsal closure results in epidermis completely 
covering the amnioserosa. At the end of dorsal closure, the leading edges of the lateral epidermis 
fuse along the midline and this is apparent as bright fluorescence along the dorsal midline (Fig 
16 k, l).   
The beginning of head involution is marked by formation of the dorsal fold.  The dorsal 
fold of the cephalic region also fluoresced brightly but did not create as clear and defined an 
edge as the leading edge (Fig 16a). Analysis of still images in sequence revealed epidermis 
stretching over the anterior (still images Fig 16a-l; time lapse, appendix 4).  As the dorsal fold 
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stretched towards the anterior (progression indicated by arrows in Fig 16 a, d, g, j), the 
procephalon dropped and move towards the posterior. Head involution was completed when the 
clypeolabrum was entirely covered (Fig 16l; appendix 4).
 
 
Figure 16. Lateral view of wild type embryo, stages 14-15, undergoing dorsal closure and head 
involution. Anterior bottom, dorsal right. Time lapse at 20x was conducted of a full length wild type 
embryo beginning at stage 14 and ending at the beginning of  stage 16. In series, frames A-L represent 
different points in time. The top arrow in frame A points to the leading edge of the lateral epidermis, and 
the bottom arrow in frame A points to the dorsal ridge. The dorsal ridge is continually tracked at it 
progresses anteriorward, and pointed out by arrows in frames D, G, and J. As the procephalon drops and 
the clypeolabrum caudally retracts, epidermis led by the dorsal ridge encapsulates the head. The arrow in 










embryos at higher magnification (still images Figs 17-21; time lapse appendices 5-9). In order to 
collect mutant embryos of the appropriate stage, embryos collected had to be aged longer than 
wild type (at least 10 hours as opposed to 8.5 hours).  The head involution process was analyzed 
at higher magnification and focused on the anterior.  This allowed for clearer visualization and 
comparison of the head involution process between wild type and RhoA mutants. Time-lapse of 
the anterior at 40x was first conducted on a wild type embryo (still images, Fig 17; time lapse, 
appendix 5). Higher magnification revealed the same steps in the head involution process; 
however, higher magnification also revealed a single round cell in motion as dorsal closure and 
head involution occurred (Fig 17b-l).  The single cells of thin amnioserosa were more clearly 
apparent at this magnification and remained apparent until the amnioserosa was completely 
covered by dorsal epidermis, led by the brightly fluorescing leading edge (Fig 17a-j). As 
observed at lower magnification, the dorsal fold of the cephalic region fluoresced brightly but 
did not have a clearly defined leading edge. Analysis of still images in sequence again reveal it 
stretching over the head structures as the procephalon dropped down and the clypeolabrum 
retracted (Fig 17j-l). Dorsal closure in this wild type embryo was completed when the dorsal 
midline of the embryo completely fused; head involution completed when the clypeolabrum was 




Figure 17. Lateral view of wildtype embryo stages 14-15 undergoing dorsal closure and head 
involution. Anterior top, dorsal left. Time lapse at 40x was conducted of the anterior portion of a  wild 
type embryo beginning at stage 14 and ending in stage 16. In series frames A-L represents different points 
in time. The arrow in frame A points to the clear leading edge of the epidermis as it progresses towards 
the midline in dorsal closure. The arrow in frame E points to the single unidentified, nonstationary cell, 
presumably a hemocyte immune cell. Arrows in frames J-L point to the anteriorward progression of the 





 homozygotes (still images, Fig 18; time lapse, appendix 6) and RhoA
J3.8
 
homozygotes (still images, Fig 19; time lapse, appendix 7) show distinct aberrations compared to 
wild type. Immediately apparent was the lower intensity of the of the GFP signal in mutants.  In 
order to visualize the GFP, the gain setting on the microscope had to be increased from 6.5 (wild 
type embryos) to between 8-9 (mutant embryos).  Further, the localization of the GFP is more 
diffuse and gives the cells of the mutants a fuzzy appearance compared to wild type. The dorsal 
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closure leading edge forms in RhoA mutants, but it has a more ragged appearance than in wild 
type (Fig 21).  Dorsal closure ultimately finished in mutant embryos, but the process is not as 
regular as in wild type. In the anterior, head involution shows multiple differences as compared 
to wild type.  This includes a population of round cells that are more plentiful in the mutants and 
move over the entire anterior of the embryo (compare time lapses, appendices 5-7). In the 
anterior lateral views (Figs 18i, 19l), a large concentration of GFP signal becomes apparent in 
the procephalic region; this is visualized as an intense, concentrated signal. Analysis of still 
images reveals a lack of movement in the procephalon and clypeolabrum. During head 
involution, the dorsal ridge does move along the ventral side of the embryo.  However, the dorsal 
ridge does not make forward progression on the dorsal side. Presumably, it is impeded by the 
failure of the procephalon to drop and move posteriorward. It does appear, however, that the 
dorsal ridge does attempt to move on the dorsal side because the procephalic region appears to be 
squeezed outward, taking on a rams horn shape, as time progresses (Fig 18e-l; Fig 19e-l). Most 
clearly seen in the RhoA
J3.8
 images, the clypeolabrum remained in the same position throughout 





Figure 18. Lateral view of homozygous RhoA
E3.10 
mutant stages 14-16 undergoing dorsal closure 
head involution. Anterior top, dorsal right. Time lapse at 40x was conducted of the anterior portion of a 
homozygous RhoA
E3.10 
mutant embryo beginning at stage 14 and ending in stage 16. In series, frames A-L 
represent different points in time. The arrow in frame B points to the cluster of multiple unidentified, 
nonstationary cells, predicted to be hemocytes. The arrow in frame H points to the continued anteriorward 
progression of the dorsal ridge on the ventral side of the embryo. The dorsal ridge cannot complete its 
anteriorward progression on the dorsal side due the failure of the procephalon to drop down and 
clypeolabrum to retract. The arrow in frame L points to the large concentration of GFP-moe within the 





Figure 19. Lateral view of a homozygous RhoA
J3.8
 mutant stages 14-16 undergoing dorsal closure 
and head involution. Anterior bottom, dorsal left. Time lapse at 40x was conducted of the anterior 
portion of a homozygous RhoA
J3.8
 mutant embryo beginning at stage 14 and ending in stage 16. In series, 
frames A-L represent different points in time. The arrow in frame A points to the “fuzzy” leading edge of 
the lateral epidermis. The arrow in frame D points to the increasing concentration of GFP-moe within the 
procephalon. The arrow in frame L points to the mark again, which has greatly enlarged as time 
progresses. The procephalon fails to drop and the clypeolabrum fails to retract, resulting in the failure of 
the dorsal ridge to encapsulate the head. Total elapsed time: 130 minutes. Scale bar: 50μm. 
 
Dorsal views of wild type and RhoA
E3.10
 mutant embryos were also analyzed during these 
stages (still images, fig. 20 and 21; time lapse appendices 8 and 9). Reduced fecundity of the 
RhoA
J3.8
 stock made it difficult to collect enough of these embryos, therefore dorsal views were 
not analyzed. The dorsal view allows better tracking of the dorsal ridge movements. The 
anteriorward progression of the dorsal ridge can be clearly tracked in the wild type embryo (Fig 
20a-l). The end frames show the leading edge neatly fused at the midline at the completion of 
dorsal closure and the epidermis smoothly encapsulated the entire head at the completion of head 
involution (Fig 20g-l). The dorsal view of the RhoA
E3.10
 mutant showed distinct morphogenetic 
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differences with that of the wild type. Analysis of the still images of the RhoA
E3.10 
mutant show 
the clyeolabrum failed to caudally retract and the procephalon failed to drop, preventing 
anteriorward movement of the dorsal ridge because it could not move over these structures (Fig 
21a-l). Increasing amounts of GFP-moe were also found within the procephalon (Fig 21h). This 
signal increased as time progressed. After the 132 minutes of imaging, the leading edge had not 
fused along the midline, indicating that analysis was stopped before the end of stage 15.  
Typically, RhoA mutants do complete dorsal closure. 
 
Figure 20. Dorsal view of a wild type embryo stages 14-16 undergoing dorsal closure and head 
involution. Anterior bottom. Time lapse at 40x was conducted of the anterior portion of a wildtype 
embryo beginning at stage 14 and ending in stage 16. In series, frames A-L represent different points in 
time. The arrow in frame A points to the dorsal ridge and the arrow in frame G points to the dorsal ridge 
again, revealing its anteriorward progression over the head structures to complete head involution. The 
arrow in frame L points to the fused midline as dorsal closure is completed. Total elapsed time: 140 





Figure 21. Dorsal view of a homozygous RhoA
E3.10
 mutant embryo stages 14-15 undergoing head 
involution and dorsal closure.  Anterior top. Time lapse at 40x was conducted of the anterior portion of 
a homozygous RhoA
E3.10
 embryo beginning in stages 14 and ending in stage 16. In series, frames A-L 
represent different points in time. The arrow in frame A points to the “fuzzy” leading edge of the lateral 
epidermis. The arrow in frame H points to the high procephalic concentration of GFP-moe apparent only 
in in RhoA mutant embryos. The procephalon fails to drop and the clypeolabrum fails to caudally retract, 
disabling epidermis led by the dorsal ridge from encapsulating the head. Total elapsed time: 132 minutes. 






 The goal of the project was to phenotypically analyze and compare the process of head 
involution in living wild type and in RhoA mutant Drosophila embryos. To achieve this, time-
lapse confocal microscopy was utilized, which enabled sequential image capture of developing 
Drosophila embryos to be converted into movies. First, time-lapse confocal microscopy was 
conducted on wild type Drosophila undergoing morphogenetic processes to master the technique 
and to recognize the different cephalic structures as they developed. Then efforts were focused 
on examining head involution morphogenesis in wild type since this is the process that fails in 
RhoA mutants.  Based on initial literature research of the process of head involution, the 
visualization of small structures such as the embryonic salivary duct was anticipated but 
ultimately the utilization of SGMCA with confocal microscopy was insufficient to view these 
structures.  None-the-less, there were still advantages of confocal microscopy.  Time-lapse 
confocal microscopy captures images of the morphogenetic processes as they occur, in living 
embryos. This allowed identification of the morphogenetic movements that are abnormal in 
mutant embryos during head involution and analysis of the major structures involved. 
Stages Prior to Head Involution 
 Expression of GFP-moe enabled time-lapse analysis of wild type embryos undergoing 
morphogenesis in the stages preceding head involution. Beginning with cellularization, 
punctuated stained actin was apparent as membrane enclosed loose nuclei in the embryo. This 
reveals the unique process of simultaneous cytokinesis of ~6000 nuclei in the Drosophila 
embryo. The GFP-moe also allowed time-lapse imaging of gastrulation, germ band extension 
and germ band retraction. Time-lapse imaging of these processes provided necessary background 
knowledge of the structures and movements involved in the morphogenetic stages preceding 
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head involution. Structures identified from these videos were used as markers when choosing the 
appropriate embryo to image for head involution. The ability to identify markers such as the 
large, dark yolk region and formation of the leading edge seen at the end of germ band retraction 
became critical to the analysis of the entire head involution process. 
Head Involution 
 Once appropriate markers indicating the approach of head involution were identified, 
time-lapse imaging of the head involution stage and nearly simultaneous dorsal closure stage was 
possible. Initially embryos were aged at various hours to determine the best window of time for 
time-lapse of head involution. It was determined aging embryos 8.5-12.5 hours post-fertilization 
was best for the analysis of wild type head involution (stages 14-16). Unexpectedly, most 
homozygous RhoA mutant embryos collected during this time frame were had not undergone 
germband retraction (~stage 11).  Instead, mutant embryos were collected and aged to 10-13 
hours post-fertilization in order to include embryos at the beginning of stage 14. This 
developmental retardation may reflect an extensive role for RhoA signal transduction in multiple 
developmental processes.  Perhaps in mutants, the amount of wild type RhoA protein supplied by 
the mother is being depleted during these earlier stages. It would be interesting for future 
experimentation to include time-lapse imaging of the stages preceding head involution of RhoA 
mutants as well, to determine where the growth difference begins, and hypothesize what role 
RhoA plays in causing the delay. 
 Based on the initial characterization of wild type embryos undergoing head involution, 
the dorsal ridge moving anteriorward and the dropping of the procephalon and posterior-ward 
retraction of the clypeolabrum could be visualized. Simultaneously a clear, defined leading edge 
of dorsal epidermis and fusion along the midline in dorsal closure was visualized. This is 
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consistent with the previous observations of the process in fixed embryos (Campos-Ortega et al., 




 were similar to 
each other. In both mutants the GFP-moe distribution appeared fuzzier than the wild type 
embryos. Further, the leading edge especially appeared jagged, instead of smooth and defined as 
it did in the wild type. This could be due to the role of RhoA in organizing the actin cytoskeleton 
structure. Perhaps these RhoA mutant embryos are not generating as organized an apical actin 
cytoskeleton, therefore the distribution of GFP-moe in mutants reflects this disorganization. 
However, an alternative explanation exists. As previously discussed, homozygous mutant 
embryos were identified using the Leica MZFLIII fluorescence-dissecting microscope, based on 
their level of brightness. Embryos had to be chosen as those that fluoresced least, in order to 
ensure the embryos were of the correct homozygous mutant genotype. In order to create clear 
time-lapse sequences of these embryos, the gain of the microscope needed to be turned up from 
6.5B for wild type embryos to 8.0-9.0B for the mutants. This may have resulted in less clear 
images and provide the explanation for the fuzzy appearance, instead of the hypothesis that 
mutations in RhoA caused the disorganized actin cytoskeleton.  None-the-less, the increase in 
necessary gain does suggest a lower concentration of GFP-moe in these cells compared to wild 
type, and does suggest a more specific effect. 
Also time-lapse imaging of both mutants revealed a failure of the procephalon to drop, 
and a failure of the clypeolabrum to retract even as the dorsal ridge maintained its progressive 
movements towards the anterior of the embryo. Time-lapse imaging of both lateral and dorsal 
orientations showed the ventral epidermis continues to progress anteriorly over the head 
structures, but because the procephalon does not drop down, the dorsal ridge cannot smoothly 
continue to cover the head. Consequently, the movement of the dorsal ridge into the stationary 
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procephalon distorts the head structure.  This also results in a lack of epidermis in the anterior 
dorsal side of the embryo.  As a consequence, no cuticle can be secreted here at later stages.  
Consistent with this is the large dorsal anterior hole observed in fully developed mutant embryos. 
In addition, a large mass of GFP-moe accumulated bilaterally within the extruded procephalon.  
Also, as the dorsal ridge pushed into the procephalon, an increase in the number and movement 
of large and distinct extra-embryonic cells developed. These large moving cells were immune 
cells, or, hemocytes. These were upregulated in the mutant embryos once the process of head 
involution went awry. 
 The large concentrations of GFP-moe in procephalon corresponds to parts of the 
developing embryonic brain. The Drosophila brain is not fully developed at the time of head 
involution. At the onset of cellularization, the embryo can be divided into 13 mitotic domains; 
cells within each domain share differentiated tissue fates (Foe 1989 and Robertson et al., 2003). 
A study in Pennsylvania used GFP fluorescence and time-lapse images to follow the different 
domains and to determine the mitotic domains that contribute to the brain at different stages of 
morphogenesis. At the time of head involution (stage 14) the embryonic brain is composed of 
cells derived from mitotic domains 1, 5 and 9. Mitotic domain 1 consists of a two lobed region 
that innervates the Drosophila eyes. Mitotic domain 5 produces the antennal system (Robertson 
et al., 2003). At the time of head involution, the cells of domain 5 invaginate between the 
mandibulary and maxillary segments and separate into 2 groups. One group ultimately forms the 
antennal lobe of the brain and the second group migrates over the ventral surface to form the 
antennal sensory organ. Mitotic domain 9 is less understood. This domain develops into three 
separate cell types, the posterior brain, dorsal midline epidermis and migratory cells (Robertson 
et al., 2003). The high concentration of GFP-moe that appeared in time-lapse of mutant embryos 
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could be brain portions pushed out of the head from mitotic domains 1, 5, and/or 9. This would 
be a good area of research for future investigation. 
 It would also be interesting in future experimentation to determine if RhoA
4.4.2
 mutants 




 mutants. Unlike the 






 appears to be a partial loss-of-function 
mutation (Sinclair, K., 2011).  Although the mutant alleles vary, RhoA
4.4.2
 mutants would most 
likely exhibit at least some of the same defects in head involution. Also because RhoA drives the 
contraction of actin-myosin, investigation of embryos carrying mutations in RhoA and mutations 
in zipper, the nonmuscle myosin heavy chain encoding gene, would be a good area for future 
analysis. As previously discussed (see introduction) mutations in myosin result in a failure of 
proper dorsal closure. If head involution requires myosin function, the double RhoA and zipper 
mutants would likely result in defects in dorsal closure and also even more severe defects in head 
involution, than seen in RhoA mutants alone. 
Summary 
 RhoA signal transduction plays a role in many embryonic morphogenetic processes in 
vertebrate and mammalian development. Drosophila head involution is a morphogenetic process 
that involves complex intracellular and intercellular shape changes that require RhoA signal 
transduction. The apical constrictions that form during events such as Drosophila gastrulation 
require RhoA pathway function. Failure to generate these types of apical constrictions in the 
vertebrate neural plate results in human birth defects such as anencephaly and spina bifida. Thus, 
research of Drosophila RhoA proves an efficient way to study these human birth defects at the 
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